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(Figure 1). In a transparent medium, lens-
based optical microscopy could focus a 
coherent light beam (e.g., laser) into a 
tiny spot, whose dimension is compa-
rable to the size of the wavelength of the 
light. The diameter of the smallest beam 
waist is about half the size of the wave-
length, which is referred to as the dif-
fraction limit. Thus, for visible light, the 
theoretical diffraction limit is between 200 
and 400  nm, much smaller than the size 
of a single cell (Figure  1A). However, in 
biological tissues that significantly scatter 
and absorb visible light, the spatial resolu-
tion could be compromised. In multicel-
lular organisms, light absorption limits 
the penetration depth. The scattering of 
the light by the opaque biological tissues 
would expand the volume of light stimu-
lation and reduce the spatial resolution. 
The scattering from the biological tissue 
can be thought of as a random variation of 

the coherent beam’s wavevector, disrupting the coherence and 
results in an enlargement of the focal volume (Figure 1B).

In cultured cells where light absorption and scattering are 
not as significant, another factor could compromise the spatial 
resolution of optogenetic stimulation. After photostimulation, 
even within a diffraction-limited focal volume, diffusion of the 
photoexcited molecules (the experimentally measured diffu-
sion coefficient can be found in reference [3]) could expand the 
region of activity (Figure 1C). To address this issue, one can use 
a mechanism to deactivate molecules that diffuse away from 
the focal spot of excitation light. For example, certain optoge-
netic systems can be switched off with a different color of light; 
therefore a patterned deactivation light can be designed with a 
spatially light modulator. Alternatively, in polarized cell types 
such as neurons, traversing across the whole cell takes a signifi-
cantly longer time based on diffusion. Thus, it is easier to inter-
pret phenotypes from a spatially localized optogenetic stimula-
tion with a subcellular resolution. For instance, neuronal regen-
eration in live organisms could be guided by local optogenetic 
activation of Rac1,[4] Raf, and AKT[5] protein activities.

Because these spatial regulation issues are common to all 
optogenetic systems, we will not explicitly discuss the spatial 
resolution of individual ones covered in this work. On the 
other hand, biological events span a broad spectrum of tem-
poral scale – conformational changes of macromolecules occur 
within micro- to milliseconds, molecular transport ranges from 
seconds to minutes, intracellular signal transduction typi-
cally takes minutes, gene expression lasts hours, and behavior 
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1. Introduction

Optogenetics has been rapidly evolving for the past decade. 
Blessed by the precision and convenience of light manipu-
lation, optogenetics empowers precise control of molecular 
activities at an unprecedented resolution in time and space. 
However, even with emerging online resources that aim to pro-
vide comprehensive, annotated databases for the ever-evolving 
field of optogenetics,[1] as well as the effort to streamline and 
standardize “customized” optogenetic tools,[2] it remains over-
whelming to select an optogenetic device with appropriate 
photokinetics, dynamic range, and mode of action for a specific 
application. This challenge inspires us to carry out a compara-
tive analysis of recent work in optogenetics to gain insights into 
the improved use of this emerging biotechnology.

The sub-micrometer spatial resolution empowers optoge-
netics to probe molecular activities at the single-cell or sub-
cellular level. However, this resolution could be compromised 
by tissue scattering or diffusion of photoactivated molecules 
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changes happen within days or longer term. How can one take 
advantage of the temporal accuracy of optogenetics to study bio-
logical processes spanning these distinct timescales?

Here, we first introduce newly discovered or improved 
optogenetic tools, followed by discussing their categorized 
applications in live cells and animals. We then propose a proce-
dure for optogenetic system design and validation, point out the 
cross-disciplinary research interlinking optogenetics with other 
research fields, and end by presenting the clinical and indus-
trial efforts in pushing optogenetics toward disease interven-
tion. Considering the fast growth of work in this field, we only 
focus on recent work from the past three years and encourage 
interested readers to refer to other excellent reviews on optoge-
netic research in delineating signal transduction[6] regulating 
embryonic development,[7] as well as their use in specific 
model systems.[8] For the same reason, channelrhodopsin and 
its derivatives, genetically encoded voltage indicators (GEVIs), 
genetically encoded calcium indicators (GECIs), and ion pump 
based optogenetics will not be discussed here.

2. Recent Advances in the Development of the 
Optogenetic Toolbox
Besides the tremendous growth of optogenetic applications 
using previously established photoactivatable proteins, new 
photoactivatable proteins have been discovered, and existing 
ones have been improved. In this section, we briefly highlight 
the progress in tool development.

2.1. New Photoactivatable Proteins

Most current photoactivatable proteins respond to light stimula-
tion by undergoing allosteric change (e.g., the light-oxygen-voltage 

sensing domain, LOV) or intermolecular association such as UV 
resistance Locus 8 (UVR8), phytochrome (PhyB) and phytochrome 
interacting factor (PIF), cryptochrome and cryptochrome-inter-
acting basic-helix–loop–helix (CIB), and light-induced dimerize 
(iLID). In contrast, light-inducible dissociation protein pairs are 
rare except for the recently developed LOV2 trap and release of 
protein (LOVTRAP) system, where blue light induces the disso-
ciation between LOV2 and the small protein zDark.[9] A recent 
addition to this category is the photocleavable protein (PhoCl),[10] 
which is engineered from photoconvertible fluorescent protein 
mMaple. Violet light (380  nm) induces β-elimination, which 
cleaves a small peptide fragment from the backbone (Figure 2A). 
The finalized PhoCl system has a broad absorbance from 400 
to 500  nm, and the dissociation rate is ≈500 s. Many proteins, 
such as Cre recombinase, Gal4 transcription factor, Pannexin-1 
ion channel, could be controlled by PhoCl.[10] Compared with 
the reversible interaction of LOVTRAP, photocleavage of PhoCl 
is irreversible, and therefore, can be useful in applications with a 
low bearing threshold for phototoxicity.

Instead of employing protein–protein interaction in these 
optogenetic modalities, a recently identified bacterial LOV 
receptor whose architecture comprising Per-ARNT-Sim (PAS), 
AmiR and NasR transcription antitermination regulators, 
and LOV domain, dubbed as PAL, interacts with RNA. Aided 
by systematic evolution of ligands by exponential enrichment 
(SELEX) screening, the authors engineered short (fewer than 
20 nucleotides in size) RNA aptamers that bind to PAL with 
around 20 × 10−9 m affinity in blue light and weaker than 1 × 
10−6 m in darkness (Figure  2B).[11] These RNA aptamers were 
then embedded into the 5′-untranslated region of reporter 
genes, whose translation could then be inhibited by blue light 
in prokaryotes and eukaryotes.

Another new class of LOV variants contains a dikarya fungal 
LOVs associated with the regulator of G-protein signaling (RGS), 
which is located to the N-terminal of LOV. In addition, there is 
a C-terminal domain of unidentified function (DUF) with mixed 
α-helix/β-sheet. One of these variants, Botrytis cinerea BcLOV4, 
is dynamically and reversibly associated with the plasma mem-
brane by binding to the anionic phospholipids (Figure 2C). Mem-
brane association and undocking kinetics are fast (τon  = 1.11 s; 
τoff = 89.1 s). Structural determination reveals that lipid-binding 
results from light-induced exposure of a polybasic amphipathic 
helix at the LOV-DUF linker inhibited by the RGS domain in the 
dark. [12] Membrane translocation of BcLOV4-Rac1 leads to actin 
polymerization and lamellipodia formation in HEK cells.[13]

Photoactivated adenylyl cyclases (PACs) have been used to 
manipulate cellular processes through light-dependent cAMP 
production. Flavin-based PACs have been successfully utilized 
in mammalian cells, but these PACs can only be turned off 
by spontaneous thermal decay. A cyanobacteriochrome-based 
photoswitchable adenylyl cyclase (cPAC) that can be reversibly 
activated (blue light) and inactivated (green light) overcame 
this drawback (Figure  2D).[14] This bidirectional control ena-
bles cPAC to reversibly control cAMP levels in live cells at a 
timescale of seconds to minutes. In Escherichia coli, this system 
yields ≈2.5 times more production under blue light illumina-
tion than cells exposed to green light. By changing the cyano-
bacteriochrome (CBCR) GAF domain, the cPAC system can be 
modified to absorb near IR light, increasing its versatility.

Figure 1.  A) Light diffraction limits the size of a coherent beam to approx-
imately half of the excitation wavelength in lens-based optical microscopy. 
B) In opaque biological tissues, light scattering varies the coherent 
beam’s wavevector randomly and causes an expansion of the effective 
focal volume. C) molecular diffusion in cells further compromises the 
spatial resolution of the optogenetic stimulation. A back-of-envelop esti-
mation of the traversing time of a small protein across a cell is presented. 
The typical value of a small protein’s diffusion coefficient in the cytoplasm 
is selected based on experimental measurement.[3]
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Figure 2.  Recent advancements of optogenetic systems. A–D) Recently developed new photoactivatable protein systems. E–J) Improvement of existing 
optogenetic systems. K–L) Existing optogenetic systems with repurposed functions. References of each photoactivatable protein are listed as follows: 
A) PhoCl,[10] B) PAL,[11] C) BcLOV4,[12] D) cPAC,[14] E) CRY2clust,[16] F) BphP1/Pps2,[19] G,H) FRAPA,[23] I) CcaSR v3.0,[26] J) PhyB/AtPIF,[29] K) Z-Lock,[31] 
and L) usage of the A’α helix of LOV.[33]
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2.2. Improvement of the Photophysical Properties of Existing 
Photoactivatable Proteins

The photophysical properties of existing photoactivatable pro-
tein have been continuously improved, including reduced 
leakiness in the dark, broader responsive spectrum, increased 
affinity, and enhanced activation efficiency. Here we highlight 
several examples in this category.

Light-dependent homo-oligomerization is a common optoge-
netic strategy. For instance, cryptochrome2 (CRY2) from Arabi-
dopsis thaliana oligomerizes under blue light.[15] An enhanced 
module termed “CRY2clust” was created by tagging a newly 
identified short peptide (ARDPPDLDN) (Figure  2E).[16] CRY-
2clust shows much faster kinetics (cluster assembly half-time 
t1/2 < 10 s; cluster disassembly half-time t1/2 ≈ 225 s) compared 
to the previously developed oligomerization tools CRY2[17] or 
CRY2olig.[18] CRY2clust also has a higher sensitivity, as clus-
tering efficiency does not depend on CRY2cluster fusion pro-
teins’ expression level.

Optogenetic tools with redshifted wavelength have attracted 
considerable attention because of the efficacy of deep-tissue 
applications. The bacteriophytochrome photoreceptor 1 (BphP1) 
is a near-infrared (NIR) sensing protein that can bind and 
inhibit the transcriptional repressor PpsR2.[19] By engineering a 
PpsR2-responding promoter in Escherichia coli, Ong et al. devel-
oped a bacterial sensor whose transcription can be controlled 
by near-infrared light.[19] This system shows a strong response 
to an activation wavelength of 740–782 nm, deactivation wave-
length of 636–677  nm within a half-maximal activation time 
of 27 min (Figure 2F). Interestingly, the fusion of bacteriophy-
tochrome (Bph) and bacterial adenylate cyclase (AC) generates 
a near-infrared light-activated AC, termed IlaM,[20] which has 
been optimized for expression and functionality in mammalian 
cells compared to the previous NIR PAC system.[21] Notably, 
by integrating the blue-light-sensitive AsLOV domain and the 
red light-sensitive BphP1/PpsR2 system with intrabodies, Red-
chuck et  al. achieved multidirectional subcellular targeting of 
endogenous proteins.[22]

Two-photon optogenetic stimulation could also increase the 
penetration depth but remains challenging in vivo because of 
the small absorption cross-section for photoactivatable proteins 
in the red-infrared light region. This challenge has been indi-
rectly addressed by Förster resonance energy transfer (FRET)-
assisted photoactivation, or FRAPA, to activate photoactivatable 
proteins. Kinjo et  al. developed 2paCRY2 by selecting 
mTagBFP2 and flavin adenine dinucleotide (FAD) as the donor 
and acceptor FRET pair, respectively. mTagBFP2 effectively 
absorbs 840 nm and activates cryptochrome by energy transfer 
to its cofactor, FAD (Figure 2G). This system enabled extracel-
lular signal-regulated kinase (ERK) activation in the mouse 
auricular epidermis. Notably, the FRAPA system also allowed 
two-photon activation of the LOV domain by using mTFP1 (a 
cyan fluorescent protein) as the donor to activate flavin mono-
nucleotide, the cofactor of LOV (Figure 2H).[23]

Multiplexing optogenetics is another attractive feature to 
take full advantage of the visible spectrum for optogenetic 
applications. Commonly used optogenetic proteins include 
the blue light-sensitive LOV, cryptochrome, and the red light-
sensitive phytochromes. A new addition to the family of 

optogenetic tools is the green light-sensitive photoactivable 
proteins. CcaSR is a two-component system activated by the 
green light and deactivated by the red light.[24] The system con-
sists of cyanobacteriochrome sensor histidine kinase, CcaS, 
and response regulator, CcaR. Upon illumination, CcaR will 
be phosphorylated by CcaS and bind to promotors to activate 
gene transcription. The recent improvement, including the 
CcaSR v 2.0 system (with optimized output promoter)[25] and 
the CcaSR v 3.0 system (deletion of two PAS domains within 
CcaS), produced lower leakiness and higher dynamic range 
(Figure  2I).[26] The CcaSR system has been successfully used 
to control gene transcription in Bacillus subtilis.[27] Another 
green light-sensitive system is the cobalamin (vitamin B12) 
binding domains (CBDs) of bacterial CarH transcription fac-
tors, which undergo green light-dependent dissociation. In the 
dark, CarH is a dimer of dimer; upon green light irradiation, 
photocleavage of the 5′-deoxyadenosylcobalamin (AdoCbl) 
cofactor causes dissociation.[28] These new tools make it pos-
sible to employ multiplexed optogenetic stimulations with dif-
ferent colors of light.

Searching for the minimally required structure for optoge-
netic stimulation would benefit the broader usage of optoge-
netic tools. Recent work has developed a series of A. thaliana 
PIFs (AtPIF) (Figure  2J).[29] The identified small-size (23–25 
residues) and high-affinity (up to 10 × 10−9 m) variants improve 
their usage in mammalian cells.

Eliminating the need for exogenous cofactors would facili-
tate the use of optogenetics in more diverse model systems. For 
example, PhyB-PIF interaction requires phycocyanobilin (PCB) 
as a cofactor, which is not produced in mammalian cells. To 
efficiently synthesize PCB in mammalian cells, vectors that 
coexpress heme oxygenase1 (HO1) and ferredoxin oxidoreduc-
tase (PcyA) with Ferredoxin and Ferredoxin-NADP+ reductase 
was generated.[30] Moreover, the PCB concentration can be 
further increased by depletion of biliverdin reductase A. This 
genetically encoded PCB synthesis system would help generate 
transgenic animals that allow for PhyB-PIF based optogenetics 
without PCB injection.

2.3. Repurposing Existing Optogenetic Systems

Considering the module-like optogenetic proteins, one could 
create new functionalities by repurposing optogenetic tools. 
Here we briefly introduce some examples in this category.

In contrast to the light-mediated association, LOVTRAP 
enables photoinducible protein dissociation between the LOV 
domain and the Zdk epitope.[9] By fusion of the LOV and Zdk 
domains to the termini of the target protein, LOVTRAP has 
been repurposed for photocaging, which was termed as the 
Z-lock system.[31] Light-mediated dissociation of LOV and Zdk 
exposes the active site and turns on protein activity (Figure 2K). 
Optimization of the Z-lock system can be performed by com-
puter-assisted protein design. As demonstrated in the control 
of cofilin and αTAT, the Z-lock system works for target proteins 
with a single active site.

The allosteric change of the Jα helix in LOV2 has been com-
monly used to cage specific proteins fused to the C-terminus of 
LOV2. However, the N-terminal A’α helix is also destabilized 
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during photoactivation.[32] Recently, the caging effect of the A’α 
helix for optogenetic control has been demonstrated in control-
ling protein tyrosine phosphatase 1B (PTP1B), where the A’α 
helix of LOV2 was fused to the C-terminal α7 helix of PTP1B.[33] 
A light-dependent unwinding of the A’α helix successfully 
destabilizes the α7 helix and further disrupts the activate site of 
PTP1B (Figure 2L).

New functions can also be achieved by combinatorial use of 
optogenetic modules. For instance, to design a generalizable 
platform for optogenetic protein control, the generalizable light 
modulated protein stabilization system (GLIMPSe)[34] was devel-
oped by combining the blue light-responsive tobacco etch virus 
(TEV) protease fused to the light-inducible nuclear export system 
(LEXY)[35] and the caging effect of LOV.[36] Different families of 
proteins, such as kinases and phosphatases, can be controlled by 
the same GLIMPSe platform.

Besides the commonly used photoinduced association of 
gene activation domains to the promoter, controlling the tran-
scription factor’s accessibility is another way to modulate gene 
activity. By sequestering the transcription factor on the plasma 
membrane, one can limit its accessibility to the nucleus. Using 
calcium- and light-gated switch to cleave the membrane-seques-
tered transcription factor, Lee et al. and Wang et al. have devel-
oped Cal-Light[37] and fast light- and activity-regulated expres-
sion (FLARE),[36] respectively. Both systems have combined 
the modality of photo-uncaging (of the TEV cleavage site) and 
protein translocation (of the protease) to achieve gene transcrip-
tion control in vivo. These tools enable the dissection of neural 
circuits underlying complex animal behaviors.

3. Spatiotemporal Optical Control of Intracellular 
Signal Transduction
This section highlights recent updates in the optical control of 
intracellular signal transduction, which transmits extracellular 
signals to the cell interior. We will follow an “outside-in” route 
of signal transduction and group our discussion based on the 
subcellular localization of signaling molecules, i.e., from the 
membrane-bound receptor, cytosolic signaling molecules, orga-
nelles, to gene regulation in the nucleus. To better comprehend 
the recent progress of optogenetic control of molecular activi-
ties, we created a graph mapping the excitation wavelength and 
the typical time scale from the selected work (Figure 3). We 
also compiled a list to highlight the experimental conditions, 
including the wavelength, power density, model organisms 
(Table 1), and temporal kinetics of the phenotypes reported in 
these work. (Table 2). Note that the temporal kinetics is not the 
direct association or dissociation kinetics for specific photoacti-
vatable proteins per se, but rather the time scale during which 
photoactivatable proteins elicit functional outcomes.

3.1. Signaling Cascades

3.1.1. Receptors

Intracellular signal transduction often starts with binding of 
a ligand to a membrane-bound receptor, which then activates 

the receptor, followed by the recruitment of adaptor proteins 
and activation of the downstream signaling pathways. Here, 
we introduce recent strategies to turn on several receptors, 
including receptor tyrosine kinases (RTKs), T-cell receptors 
(TCRs), Wnt receptor, Notch receptor, glutamate receptor, and 
antibodies.

RTK: RTKs are single-transmembrane receptors whose activa-
tion requires receptor dimerization. By fusing the photoactivat-
able dimer, the LOV domain of aureochrome 1 from Vaucheria 
frigida or AuLOV, to the intracellular domain of TrkA, Khamo 
et al. induced the activation of tropomyosin receptor kinase A 
(TrkA) in the absence of nerve growth factor.[38] The system 
allows for delineating the synergistic contribution of the resi-
dues Y490 and Y785 to the activation of the downstream ERK 
signaling pathway.[38] Using a fusion protein of Deinococcus radi-
odurans bacterial phytochrome, DrBphP, and the cytoplasmic 
domains of Trks, Leopold et al. developed Dr-TrkA and Dr-TrkB, 
whose activation is induced by 780 nm (or darkness) and inac-
tivation is triggered by 650 nm light.[39] Interestingly, activation 
of RTK can be achieved by recruiting the cytosolic domain of 
RTK from the cytoplasm to the plasma membrane.[40] Such a 
design has been shown to exhibit amenable dark activity for 
the fibroblast growth factor receptor (FGFR), TrkA, TrkB, and 
TrkC, which is critical for their use in developing Xenopus laevis 
embryos.[41]

Membrane-recruitment of the cytosolic domain of receptors 
was also used to activate plexin, a membrane-bound receptor 
for semaphorin, an axonal growth cone guidance molecule to 
deflect axons from repulsive environments.[42] Optogenetic acti-
vation of Plexin-B1 at the leading edge of migrating osteoblasts 
induces local retraction at the illumination site and protrusions 
at distal regions. Also, activation of Ephrin type-B receptor 2 
(EphB2) can be achieved by oligomerization of the receptor’s 
intracellular domain. Optical activation of EphB2 in mice’s lat-
eral amygdala during fear conditioning specifically enhances 
long-term auditory fear memory.[43]

TCR: T cells are faithful patrollers that protect self- from for-
eign pathogens by recognizing the small differences in ligand-
receptor binding half-lives, resulting in either “go” or “no-go” 
action for targeted cell death. A kinetic proofreading mecha-
nism has been suggested to account for the T cell receptor’s 
capacity to differentiate the foreign peptide-major histocompat-
ibility complex (pMHC) from self-pMHCs. In this model, the 
low-abundance, high-affinity foreign pMHC activates T cells, 
whereas high-abundance, low-affinity self pMHCs do not. A 
common strategy to probe the kinetic proofreading in T cells 
is to use altered peptides sequence to change the binding half-
lives, but the altered ligand sequence could lead to changes of 
both binding half-lives and stability, confounding the interpreta-
tion of T-cell activation. To address this challenge, Tischer and 
Weiner developed an optogenetic chimeric antigen receptor 
(CAR) that tune the binding half-lives independent of bond sta-
bility.[44] This system uses LOVTRAP, in which Zdk is fused to 
CAR, and purified LOV2 serves as the ligand. The authors dem-
onstrated that binding half-lives, rather than receptor occupancy, 
dominates CAR signaling.[44] Supporting the same idea, Yousefi 
et al. developed an opto-ligand–TCR system with the PhyB-PIF 
system.[45] In this system, PIF was fused to TCR, which can be 
activated when its binding partner PhyB is in the active state 
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under red light stimulation. The results of both work suggest 
that kinetic proofreading takes place in the TCR.[44,45]

Wnt Receptor: The Wnt signaling pathway is crucial for axis 
formation during embryonic development. Depending on the 
type of ligand, either canonical or noncanonical Wnt path-
ways can be activated. The canonical Wnt pathway involves 
the activation of low-density lipoprotein receptor-related pro-
tein 6 (LRP6, a membrane-bound coreceptor of Wnt5 ligand), 
whereas the noncanonical Wnt pathway involves activation of 
Frizzled 7 (Fz7) to regulate planar cell polarity (PCP). Interest-
ingly, by oligomerizing the cytosolic domain of LPR6, Bugaj 
et  al. achieved optical control of the canonical Wnt signaling 
in culture cells.[15] To control the noncanonical Wnt signaling 
pathway, Capek et  al. substituted the intracellular domain of 

the light-sensitive rhodopsin with the corresponding domain 
of Fz7. Activation of opto-Fz7 caused the formation of the mes-
enchymal cell protrusion and directed migration of prechordal 
plate (ppl) progenitors in fz7 mutant zebrafish embryos.[46]

Notch Receptor: In contrast to the dimerization of receptors, 
the induction of ligand oligomerization is sufficient to cause 
the clustering of some membrane receptors. For instance, the 
opto-Delta system induces ligand (Delta) activation to inhibit 
the Notch receptor in the transgenic Drosophila. In this system, 
both alleles of the Notch ligand, Delta, were fused with a gene 
encoding CRY2PHR for blue light-mediated oligomerization.[47]

Glutamate Receptor: Glutamate is an excitatory neurotrans-
mitter that plays a major role in learning and memory. Upon 
neuronal activity, glutamate receptors are enriched in the 

Figure 3.  Applications of optogenetics in steering molecular activity in cells and organisms. A) A scattered plot depicting selected work of optogenetic 
control of molecular activities in the past three years. Strategies are grouped into three categories: cell signaling (yellow),[20,34,38–49,51a,52–59,61,67,69–76,79–83,66] 
organelle manipulation (cyan),[84–87,89–100] and genetic regulation (magenta).[101,102,105–107,109–118] Excitation wavelength refers to the light used to activate 
the optogenetic proteins, which are individually labeled. The time to phenotype was chosen based on reported timescales outlined in Table 2. Word 
clouds indicating the frequency of each outcome per category: signaling B), organelle manipulation C), and genetic regulation D). The outcomes are 
also summarized in Table 2. The word clouds were generated in Wordcloud.com.

Adv. Biology 2021, 2000180



www.advancedsciencenews.com

© 2021 Wiley-VCH GmbH2000180  (7 of 23)

www.advanced-bio.com

Table 1.  Experimental parameters in selected optogenetic research cited in this work. The color code of the table matches those in Figure 3 and 
corresponds to the selected topics in the main text, i.e., optogenetic control of signal transduction (yellow), organelle manipulation (cyan), and gene 
regulation (pink). In cases where power density is not reported, the total power is filled.

a)When the power density is not reported explicitly, the entry refers to the total power; b)Converted from the reported value of 73–82 μmole (m2 s)−1 at 450 nm; c)Converted 
from the reported value of 77.5–129 μmole (m2 s)−1 at 465 nm.
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Table 2.  Compilation of optogenetic control of molecular activity and cellular functions cited in this work. The color code of the table matches those 
in Figure 2 and corresponds to the selected topics in the main text, i.e., optogenetic control of signal transduction (yellow), organelle manipula-
tion (cyan), and gene regulation (pink). Each phenotype has been assigned to a category, and the resource is highlighted as figure numbers in the 
original reference.
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a)The excitation wavelength is retrieved from cited reference in the original publication.

Table 2.  Continued.

stimulated postsynaptic spine, enhancing the capacity of neu-
rons to respond to further stimulation (synaptic plasticity). 
Thus, one way to control the neurotransmitter receptor is to 
modulate its membrane occupancy instead of changing receptor 
conformation. Sinnen et al. developed a system to fine-tune the 
molecular abundance of specific molecules at the postsynaptic 
density (PSD) protein.[48] In this system, CIB1 is fused with the 
α-amino-3-hydroxy-5-methyl-4-isoxazolepropionic acid (AMPA) 
receptor, and CRY2 is fused with PSD anchors. A single burst 
of 50 ms blue light exposure recruits AMPA receptors to the 
PSD within 3 min in a spine.[48] Additional AMPA receptors 
activate synapses with few receptors but have little influence on 
already established synapses, which indicates that other remod-
eling events are required to strengthen those synapses.

Antibodies: Inspired by the neutralizing feature of antibodies, 
Yu et al. developed the optobody using split antibody fragments 

fused with blue-light responsive heterodimerizing protein 
partners.[49] Optobodies against β2 adrenergic receptor suc-
cessfully suppresses the endogenous target protein activity.[49] 
Light-inducible recombination of antibody fragment provides 
a mechanism to regulate intracellular antibody activity and 
manipulate the activity of endogenous proteins.

3.1.2. Optical Control of Cytosolic Signaling Molecules

Following receptor activation, cytosolic signaling molecules will 
typically be recruited in the receptor’s vicinity, activated, and 
diffused to other subcellular localization to trigger the down-
stream signaling pathways. A key advantage of optogenetics 
resides in its ability to interrogate signal transduction at the 
intermediate signaling nodes within a signaling cascade. This 

Protein(s) λ [nm] t [s] Phenotype Category Resource Ref.
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modality allows dynamic signaling perturbation and delinea-
tion of cellular and developmental outcomes.[50]

Protein Signaling Transducer: One of the most frequent targets 
of optogenetic signaling manipulation is the direct control of pro-
tein signaling transducer. To date, optogenetic activation of the 
Ras/Raf/MEK/ERK signaling axis has been achieved at both cel-
lular and organismal levels.[23,50d,51] To enable bidirectional con-
trol of the ERK signaling pathway, Mondal et al. developed a post-
translational knock-in system to enhance the intracellular con-
centration of mitogen-activated protein kinase phosphatase 3.[34] 
Additionally, optogenetic inhibition of the p38 mitogen-activated 
protein kinase (p38MAPK) and c-Jun N-terminal kinase (JNK) 
has been achieved with LOV-mediated photocaging.[52]

Notably, other than the Raf/MEK/ERK cascade, Ral GTPase, 
RalB, also functions downstream of Ras. Optogenetic activa-
tion of RalB has been achieved by membrane recruitment of 
its corresponding Ral guanine exchange factor (GEF). By coex-
pression of RalGEF-CRY2-mCherry and CIBN-GFP-CaaX, Zago 
et  al. demonstrated that blue light activates Ral protein and 
causes cell protrusions independent of Rac1, a small GTPase 
that regulates actin dynamics.[53]

Calcium Ion: The calcium ion is involved in various intracellular 
signaling processes. Using the prototypical Ca2+ response activated 
Ca2+ (CRAC) system, Ma et  al. extended the current genetically 
encoded Ca2+ actuator, GECA, to delineate protein oligomeriza-
tion, conformational changes, and protein-target interactions.[54] 
Two general optogenetic strategies can be employed to recapitu-
late Stromal interaction molecule (STIM)-mediated signaling 
events: CRY2 oligomer-induced clustering of STIM1 mimics its 
Ca2+ depletion-induced oligomerization state, or by replacing the 
autoinhibitory domain (CC1) with LOV domain to enable light-
inducible removal of the autoinhibition. Using these synthetic 
GECAs, the authors delineated important events for Ca2+ entry 
into cells.[54] An improved version of optoSTIM1 has enabled non-
invasive Ca2+ modulation in mouse brains[55] and single T cells.[56]

To achieve calcium spike inhibition, Hannanta-Anan et  al. 
used an opto-split approach for the regulator of G-protein sign-
aling2 (RGS2) protein by integrating the CRY2-CIBN system. 
Light-induced heterodimerization reconstitutes the activity of 
RGS2, which inhibits the Gαq-mediated calcium spike.[57] Cal-
cium-calmodulin kinase II (CaMKII), a calcium-activated pro-
tein, is required to induce long-term potentiation (LTP) and the 
associated structural plasticity of dendritic spines. To accurately 
control CaMKII activity duration, Murakoshi et  al. equipped 
LOV2 to cage a CaMKII inhibitory peptide to develop photoac-
tivatable autocamtide inhibitory peptide 2, which dynamically 
inhibited CaMKII functionality upon irradiation.[58]

Lipid Signaling Transducers: To regulate lipid molecules, 
Tei and Baskin developed optoPLD with CRY2 and CIBN. 
OptoPLD engages organelle-specific recruitment of phospholi-
pase D and the subsequent generation of phosphatidic acid.[59] 
Another type of lipid signaling transducer is the phospholipid 
molecules, which mediate protein trafficking through cargo 
transport. For example, phosphatidylinositol-4,5-bisphosphate 
(PI(4,5)P2) regulates cargo exocytosis during synaptic trans-
mission and hormone secretion. To demonstrate the effects 
of PI(4,5)P2 on exocytosis, Ji et  al. developed an optogenetic 
system to regulate PI(4,5)P2 by recruiting 5′-phosphatase to the 
plasma membrane by iLID. Results showed that local PI(4,5)

P2 abundancy correlates with vesicle-PM docking for secretory 
pathway in INS-1 cells.[60]

3.1.3. Immediate Second Messengers

Unlike other commonly used optogenetic tools, some light-
sensitive proteins allow for the production or degradation of 
small molecule-second massagers such as cyclic adenosine 
monophosphate (cAMP) and cyclic guanosine monophos-
phate (cGMP). Signaling via second messengers occurs at var-
ious time scales ranging from seconds to hours. Induction of 
expression of enzymes involved in the synthesis or degradation 
of second messengers could modulate slow processes, but lacks 
the time resolution to interrogate the fast, seconds-to-minutes 
time scale. Here we highlight recent work that uses light to pro-
duce or degrade second messengers to address this challenge.

cAMP Signaling Pathway: The cAMP signaling plays an essen-
tial role in synaptic transmission. To better understand the 
mechanism underlying cAMP signaling, Steuer Costa et al. used 
the Beggiatoa-photoactivated adenylyl cyclase (bPAC) to produce 
cAMP in Caenorhabditis elegans motor neurons. Several seconds 
of illumination is sufficient to increase the cAMP level, enhance 
synaptic vesicle fusion, evoke the dense-core vesicle (DCV) release 
of neuropeptides, and induce the animal behavior.[61] By opti-
mizing an AuLOV domain and fusing with the PAC, Hepp et al. 
enhanced the dynamic range of the PAC activity that reduces the 
dark activity even under a stronger promoter. The dose-dependent 
production of cAMP in the range of 20–60  pmol mg−1 (dry 
weight)[62] was higher than a typical cAMP concentration in the 
wild-type Saccharomyces cerevisiae, 6–12 pmol mg−1 dry weight,[63] 
but within the range of an engineered yeast strain, which reached 
about 100 pmol mg−1 dry weight.[64]

To facilitate the use of light-sensitive adenylyl cyclase (AC) 
in vivo, Ryu engineered NIR activatable AC (NIRW-AC).[21] 
To further increase the sensitivity, Fomicheva et  al. developed 
the second-generation of NIRW-AC, which induces cAMP-
dependent gene expression in mammalian cells and the ventral 
posteromedial nucleus and nucleus reticularis of mouse thal-
amus.[20] Because cAMP directly activates the hyperpolarized 
cyclic nucleotide (HCN)-dependent ion channel,[65] the NIRW-
AC was used to inhibit the spindle oscillations during the light 
stages of nonrapid eye movement sleep in mice, which also 
depends on the current of the HCN-dependent ion channel.[20] 
Because cAMP also triggers signaling cascades by insulin secre-
tion in β-cell, photostimulation was applied to boost insulin 
secretion from β-cells expressing the PAC gene from Beggiatoa 
(bPAC).[66] By engineering MIN6 cells stably expressing bPAC, 
Zhang et al. could further induce higher plasma insulin con-
centrations and concurrent lower blood glucose concentrations 
in mice within 30 min post light activation.[67]

Cyclic di-GMP (c-di-GMP)-Dependent Signaling Pathways: 
Cyclic di-GMP-dependent signaling pathways control many 
bacterial physiologies and behaviors. Early work has developed 
several light-activated systems to control the synthesis of cyclic 
di-GMP.[68] However, the complementary optogenetic phospho-
diesterases (PDEs) that specifically hydrolyze cyclic di-GMP 
was not available. Ryu et al. characterized a light-activated c-di-
GMP phosphodiesterase named BldP that consists of c-di-GMP 
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phosphodiesterase domain, EAL, and blue light sensory domain, 
BLUF.[69] Combining this optogenetic PDE with the red/near-
infrared-light-regulated diguanylate cyclase (DGC) that the same 
laboratory has developed,[68a] the authors demonstrated bidi-
rectional regulation of cyclic di-CGMP bacterial cells.[70] Addi-
tionally, light-mediated c-di-GMP signaling can facilitate the 
biotransformation of indole to tryptophan by E. coli biofilms.[71]

3.1.4. Cytoskeleton and Cell Motility

Small GTPase regulates cytoskeletal dynamics during cell 
motility, shape, attachment, and junctions. For example, RhoA 
regulates actin polymerization and myosin light chain phos-
phorylation. Oakes et  al. fused tandom PDZ domains to the 
DH domain of the RhoA-specific GEF, LARG, and anchored 
the binding partner LOVpep at the plasma membrane. Within 
15 min of illumination, LARG is recruited to the plasma mem-
brane and activates RhoA,[72] which simulated local recruitment 
of actin, myosin, and zyxin while increasing traction forces 
through stress fibers. Using a similar system, Cavenaugh et al. 
found that short RhoA activation led to reversible junction 
length changes, while intense or prolonged RhoA activation 
drove irreversible junction shortening. Additionally, episodic 
RhoA activation with periods of quiescence induced greater irre-
versible changes than a sustained pulse of the same strength.[73]

RhoA has additional roles in regulating cell mobility. The 
beginning of cell migration often requires the breaking of cell 
symmetry. In events with no external polarity cues, spontaneous 
symmetry breaking can occur via the cell cytoskeleton through 
several proposed mechanisms. Hennig et al. developed a single-
cell 1D migration assay to determine the role of RhoA dynamics 
on spontaneous symmetry breaking events. This assay mimics 
the in vivo fibrillary environment through high-resolution force 
measurements, quantitative microscopy, and an optogenetics 
system. Blue light-inducible opto-GEF activation results in the 
localization of ArhGEF11, the upstream regulator of cell rear 
retraction, to the membrane and subsequent RhoA activation, 
which resulted in an immediate, local increase of traction force 
similar to that seen in spontaneous symmetry breaking.[74]

Cell migration and polarization can also be controlled by 
noncanonical Wnt-Frizzled signaling. While the role of this 
signaling in cell polarization is relatively well-defined, previous 
work indicated an additional permissive function since overex-
pression of noncanonical Wnt signaling ligands rescues defec-
tive mesenchymal cell polarization. To better understand the 
permissive nature, a light-responsive frizzled 7 receptor was 
constructed (opto-fz7).[46] Upon activation of opto-Fz7, the for-
mation of mesenchymal cell protrusions and directed migra-
tion was observed within 20 min in both cultured cells and 
zebrafish embryos.[46]

To quantitatively determine the optogenetic systems’ mechan-
ical stability, Yu et al. used a magnetic tweezer setup to measure 
the force that would dissociate the iLID–nanoprotein com-
plex.[75] It was found that iLID–nano can withstand forces up 
to 10 pN for tens of seconds. The system’s mechanical stability 
suggests that the iLID–nano module can be employed to modu-
late mechanotransduction processes that involve similar force 
ranges.[75] The cell cytoskeleton transforms a physical signal 

into a biochemical signal and regulates mechanotransduction 
in cells. This occurs through the transmembrane protein E-cad-
herin, which forms contact with neighboring cells’ E-cadherin 
extracellular domains. The tension created in this interaction 
produces contractions within the cell through actomyosin. To 
study this mechanical stress, PhoCl was fused between the 
N and C terminals of E-cadherin and named PC-cadherin. In 
response to 405 nm light stimulation, the PC-cadherin cleaves 
into two fragments, resulting in an inhibition of mechanotrans-
duction at the intercellular junctions of epithelial cells.[76]

3.1.5. Programmed Cell Death

Apoptosis, a type of programmed cell death, plays a key role 
during tissue development and can be initiated through 
intrinsic or extrinsic pathways.[77] The intrinsic pathway senses 
cell stress and uses proapoptotic signaling to perturb mito-
chondrial membranes and release cytochrome c. In contrast, 
the extrinsic pathway senses signals from other cells and often 
involves activation of death receptors such as Fas receptor and 
tumor necrosis factor (TNF) receptors. To date, both types of 
apoptotic pathways can be controlled by light. An optoBax 
system[78] uses CRY2/CIBN to recruit the proapoptotic protein 
Bax to the mitochondrial membrane and activates the intrinsic 
apoptosis pathway. The extrinsic apoptotic pathway can be reg-
ulated by the dimerization of Fas and its adapter protein fas-
associated protein with death domain (FADD).[79]

Caspase 3 is the executioner protein during apoptosis. To 
control Caspase 3 activity, Smart et  al. inserted the LOV2 into 
the inter-subunit linker of caspase. Upon illumination, the con-
formational change of the Jα helix allows the active site of cas-
pase to fold into an active conformation.[80] In vitro assay of the 
system showed that Caspase-LOV has similar activity to wild-
type caspase-3. Combining with tissue-specific expression sys-
tems, Caspase-LOV successfully causes cell death in both whole 
flies and specific tissues.

Interestingly, by hijacking the type III secretion system 
(T3SS) from bacteria, Lindner et  al. demonstrated the light-
regulated protein translocation from bacteria to eukaryotic host. 
When a pro-apoptotic protein, the truncated human BH3 inter-
acting-domain death agonist (tBID), was injected into the host 
eukaryotic cell, active host apoptosis was observed.[81]

3.1.6. Cell Cycle

The cell cycle requires tightly regulated signal transduction 
for cell fate determination. The cell cycle consists of a growth 
phase (G1), DNA synthesis (S), a second growth phase while 
preparing for mitosis (G2), mitosis (M), and the resting state 
(G0). Each phase is divided by “checkpoints” that allow progres-
sion toward mitosis or rest. Here, we summarize recent pro-
gress in the optogenetic control of the cell cycle.

During early embryogenesis, spatially coordinated and syn-
chronized cleavage division is orchestrated by cell cycle oscil-
lators and cytoskeleton dynamics. However, there is a lack of 
understanding of how spatially confined biochemical signals 
work along with the embryo’s physical properties to create the 
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collective dynamics necessary for nuclear spreading. To better 
understand nuclear spreading in Drosophila embryos, Deneke 
et al. applied optogenetic RhoGEF to induce cortical actomyosin-
mediated membrane contraction. It was found that the nuclei of 
embryos exposed to uniform light were unable to spread along 
the anterior-posterior axis as they should during interphase. The 
results indicate that the actomyosin gradients are necessary to 
generate contractile forces to generate cytoplasmic flow and 
nuclear spreading during G1, S, and G2 phases.[82]

To investigate how the Ras-Son of Sevenless (SOS)-ERK sign-
aling dynamics affect the cell cycle, Goglia et  al. developed a 
high-throughput screening assay to search for drugs that change 
the ERK dynamics. By testing more than 400 kinase inhibitors in 
primary mouse keratinocytes, they found that drugs that altered 
ERK’s dynamics also affected cell proliferation. OptoSOS-
induced change in ERK activity duration was sufficient to explain 
the proliferation observed in the screen, but the proliferation 
was not directly proportional to the dose of ERK activation.[51a] 
To determine the mechanism for the ERK dynamics on the cell 
cycle. De et al. used optogenetic tools (pmCIBN, CRY2-Raf) and 
determined that prolonged ERK activation led to cdc25 phospho-
rylation, promoting the accumulation of pro-mitotic factors such 
as polo-like kinase 1 (PLK1).[83] PLK1 then lowered the threshold 
needed for the cell passing through the G2 checkpoint.

3.2. Organelle Manipulation

Intracellular communication is often powered by dynamic dis-
tributions of organelles and constant change of organelle com-
positions. This dynamic nature makes it challenging to correlate 
the localization and chemical make-up of organelles with their 
functions. Optogenetics, featured by its precise control of orga-
nelle shape, localization, and interactions,[84] could provide new 
insights into the molecular machinery of cell communication.

3.2.1. Generation of Membrane Curvature

The plasma membrane encapsulates the intracellular contents 
and serves as a physical barrier for the cell. Instead of merely 
accommodating proteins on the cell surface, the plasma mem-
brane has been recognized as a crucial organelle that plays a 
role in various cellular processes during material transport 
(e.g., endocytosis and exocytosis) and actin dynamics. Indeed, 
even the shape of the membrane curvature affects protein func-
tions and intracellular signaling, but few methods can precisely 
manipulate the membrane shape. Using the Bin/Amphi-
physin/Rvs (BAR) domain, Jones et  al. established opto-FBAR 
and opto-IBAR, which could use light to generate membrane 
invagination (positive curvature) and filopodia (negative cur-
vature), respectively.[84a] The idea is that the oligomerization of 
the monomer bar domain with different shape and charge on 
the plasma membrane can cause membrane deformation. For 
example, the F-BAR (extended Fes-CIP4 homology (EFC)/FCH-
BAR) proteins are banana-shaped with positive charges on 
the concave side, whereas the I-BAR (IRSp53-MIM homology 
domain I-BAR/inverse-BAR) proteins are cigar-shaped with 
positive charges on the convex side. The distinct shape and 

charge distribution enable these BAR domain monomers to 
bend the plasma membrane toward their respective curvature 
preference side and generate distinct membrane curvature.

3.2.2. Regulation of Vesicle Transport

Motor protein-mediated vesicle delivery system is the primary 
material-transporting mechanism in live cells. Cargo localiza-
tion and properties can be modified by motor proteins such as 
dynein, kinesin, and myosin. To elucidate the role of dynein, 
one of the retrograde motor proteins, in mitotic spindle-pulling 
activity, Okumura et  al. developed an optogenetic system by 
anchoring iLID to the membrane and fusing nuclear mitotic 
apparatus (NuMA) protein with Nano for cortical recruitment 
of dynein–dynactin complex.[85] Localization of NuMA to the 
mitotic cell cortex is sufficient for dynein–dynactin recruitment, 
and the spindle-pulling NuMA protein level reaches three times 
higher than that of endogenous NuMA in metaphase.[85]

Kinesin is an anterograde motor protein that travels to the 
plus end of the microtubule. An improved optogenetic kinesin 
module was developed by replacing the neck coil of kinesin 
with the small LOV domain of the Vivid (VVD) photoreceptor. 
Without light, the kinesin remains an inactive monomer. Upon 
blue light stimulation, VVD homodimerization activates the 
kinesin. By fusing the SspB domain to the N-terminal of the 
opto-kinesin and the iLID domain to the cargo binding domain 
(e.g., Rab11 or Rab5 to mark endosomes), opto-kinesin allows 
for light-inducible anterograde cargo movement.[86] Interest-
ingly, anterograde recruitment of mitochondria to the cell 
cortex discourages the glucose spiked cytosolic calcium concen-
tration and insulin secretion in beta cells.[87]

Notably, both dyneins and kinesins use microtubules as 
the cytoskeletal track. The growth of microtubule plus ends 
requires interaction with functionally diverse microtubule plus-
end-tracking proteins (+TIPs) mediated by end-binding proteins 
(EBs). To study the spatiotemporal influences of +TIP com-
plexes, van Haren et al. constructed a photoinactivated EB1 var-
iant (π-EB1) by inserting LOVTRAP between the microtubule-
binding and +TIP binding domains of EB1. Reversible attenu-
ation of microtubule growth can be achieved by alternating the 
dark-light conditions. In the dark, π-EB1 replaces endogenous 
EB1 function, while light exposure caused dissociation of the 
two domains and led to +TIP complex disassembly.[88]

In addition to microtubule-based motor proteins, myosin is 
an actin-based motor protein regulating protein trafficking and 
cell contraction. Among the members of myosin, myosin VI 
can travel to the directed end of the actin filament. Utilizing the 
unique feature of myosin VI, a spatially sensitive optogenetics 
system was engineered by caging Disabled2 (Dab2), a myosin 
VI cargo protein with LOV2.[89]

3.2.3. Phase Transition

Optical induction of oligomerization of specific proteins can 
cause in-cell phase transition of protein/nucleic acid complex. 
Nucleophosmin (NPM1) is a nucleolar protein at the outer layer 
of the nucleolus associated with processed rRNA. when fused 
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with CRY2olig, NPM1 undergoes a liquid-to-gel-like transfor-
mation upon blue light stimulation. This phase transition alters 
NPM1’s diffusion and motility dynamics, which subsequently 
inhibits the rRNA processing rate.[90] Another phase-transi-
tion event occurs during the DNA damage-induced assembly 
of tumor suppressor p53-binding protein 1 (53BP1) protein 
around DNA lesions. Using CRISPR/Cas9 to tag the endoge-
nous protein 53BP1 with CRY2oligo,[91] Kilic et al. developed an 
optogenetic system that allows light-inducible 53BP1 assembly, 
mimicking its response to DNA damage.[92] In addition, Shin 
et  al. characterized the role of nucleolus liquid-liquid phase 
separation of intrinsically disordered proteins in chromatin 
landscape reconstructions. A CRISPR-Cas9-based optogenetic 
system, CasDrop, was applied to control liquid condensation 
of intrinsically disordered proteins (IDR) at specific genome 
loci. The CasDrop system revealed that the intrinsically dis-
ordered region composed of condensates prefers areas with 
low chromatin density. Light-induced condensation leads to 
the mechanical exclusion of nontargeting chromatin.[93] Other 
than nucleus protein phase separation, light-stimulated phase 
separation enables long-term membrane plasticity,[94] control of 
metabolic influx at the cytoplasm,[95] and establishment of local 
and global intracellular phase diagrams.[96]

Because protein aggregation often occurs in pathology, light-
inducible protein phase separation could mimic the pathological 
conditions without introducing a constitutive effect that causes 
lethality. For example, stress granules (SGs) are phase-separated 
RNA-protein complexes typically shown in amyotrophic lateral 
sclerosis (ALS) and frontotemporal dementia (FTD). To deter-
mine the effects of SG dynamics on pathology, Zhang et  al. 
constructed the light-inducible SG system (OptoGranules) to 
induce the multimerization of Ras GTPase-activating protein-
binding protein 1 (G3BP1), a required protein for stress granule 
assembly. SGs formed upon G3BP1 oligomerization and con-
sequently induced cell death, phenocopying the pathology of 
ALS and FTD. Persistent SGs were found to be less cytotoxic 
than intermittent SGs formed by pulsed activation.[97] On the 
other hand, oligomerization of transactivation response element 
DNA-binding protein 43 kDa (optoTDP43) with CRY2olig causes 
stress granule (SG)-an independent agglomeration of TDP-43, 
which was alleviated by RNA oligonucleotides treatment com-
posed of TDP-43 target sequences.[98] The optical induction of 
TDP-43 aggregation in the zebrafish neuromuscular system 
results in the exacerbation of locomotion behavior.[99]

Amyloid-β plaque is a prominent factor that accelerates 
the progression of Alzheimer’s disease (AD). Blue-light-medi-
ated oligomerization of Amyloid-β peptide was developed by 
the fusion of the peptide with CRY2. Although cytotoxicity of 
Amyloid-β was confirmed in both soluble and light-induced 
solid phases, metabolic damage occurs only in the solid phase 
upon light stimulation.[100]

3.3. Genetic Regulation

Control of gene expression has been demonstrated in early 
work by recruiting transcription activation domains to reporter 
gene promoters. Over the past few years, optogenetic control 
for gene expression has been significantly improved with more 

specificity, endogenous gene targeting, and live animal appli-
cations. Here, we focus on the new or improved modality for 
optogenetic control of gene expression.

3.3.1. Targeting Endogenous Gene Expression

The homodimer of cyclic AMP response element-binding pro-
tein (CREB) activates the transcription of its target gene. Het-
erodimerization of wild-type CREB with a dominant-negative 
inhibitor of CREB (A-CREB) represses its activity. This heter-
odimer can be disrupted when A-CREB is caged by the photoac-
tive yellow protein (PYP) under blue light stimulation, resulting 
in a recovery of wild-type CREB activity.[101]

Direct transcription inhibition can be achieved by oligomeri-
zation of a transcription factor. For example, the Drosophila 
transcription factor Zelda is a master regulator of genome acti-
vation. When Zelda is fused with CRY2 (CRY2-Zelda), blue 
light-mediated CRY2 clustering causes inactivation of Zelda 
protein transcription.[102] Using this dynamic light-dependent 
Zelda activity regulation tool, it was revealed that Zelda’s con-
tinued activity is required to activate zygomatic gene expression 
and early embryonic development.

3.3.2. Improving Optogenetic Control of DNA Recombinase

Cre recombinase is derived from a bacteriophage that can carry 
out site-specific gene recombination. Since the early development 
of photoactivatable Cre (PA-Cre)[103] and PA-Cre 2.0,[104] PA-Cre 
3.0 was developed via optimization of the protein dimerizers 
(CRY2-CIB1, Magnets), promoter, and 2A self-cleavage pep-
tide.[105] The improved PA-Cre 3.0 system significantly reduces 
the dark basal activity in vivo. A large pool of optogenetic recom-
binases has been developed, including Cre, Dre, and Flp (RecVs). 
The VVD-based RecVs allows for genomic modifications when 
excited by blue light and longer-wavelength (900 nm) light under 
two-photon excitation microscopy.[106] Another recent work also 
used photoactivatable Flp recombinase (PA-Flp) to achieve highly 
light-sensitive property in deep mouse brain regions.[107]

3.3.3. Genomic and Epigenetic Control

Optogenetic CRISPR–Cas9-based photoactivatable transcription 
system (CPTS) was first developed via light-induced recruitment 
of p65 to the nuclease-dead Cas9, dCas9.[108] An improved CPTS 
system was developed[109] with a split dCas9, which could be 
reconstituted by the nMag/pMag protein pair. This new system 
achieved 1200-fold upregulation of the target gene, compared 
with the previous nine-fold increase, although both systems use 
blue light for stimulation. To extend the stimulation spectrum 
to redshifted wavelength, which could increase the penetration 
depth and reduce the phototoxicity, Shao et al. developed a far-red 
light (FRL)-activated CRISPR-dCas9 effector (FACE) system.[110] 
FACE system consists of BphS, an FRL-activated c-di-GMP syn-
thase, and a transcription factor BldD, which is fused with p65 
and VP64 for transcription activation. The authors demonstrated 
that genes involved in muscle mass and regeneration including 
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laminin subunit alpha1 (Lama1) or follistatin (Fst), as well as 
those involved in neuronal differentiation of inducible pluripo-
tent stem cells (iPSCs) such as neurogenin 2 (NEUROG2) could 
be targeted and activated by FACE in live mice.

Using a split protein strategy for Cpf1, a sister protein of 
Cas9 with better target sequence specificity, The Sato group has 
fused the N-terminal and C-terminal of Cpf1 to the Magnet pro-
tein pair. Blue light reconstitutes full-length Cpf1 activity with 
minimal dark activity.[111] Besides genomic editing, optogenetics 
has also been used to study histone H2B monoubiquitination 
(H2Bub1), an essential component for the trans-histone regula-
tion of H3K4 and H3K79 methylation. To measure H2B ubiq-
uitination and deubiquitination kinetics in vivo, a rapid and 
reversible optogenetic tool, the light-inducible nuclear exporter 
(LINX), was used to control nuclear localization of H2Bub1 
E3 ligase, Bre1. From the Bre1-LINX system, deubiquitination 
mediated repressed proteolysis was observed within 10 min 
upon light illumination.[112]

Besides transcription factors, genome architecture also 
regulates transcription. Recent work shows a promising way 
to control the 3D arrangement of genomic structure. The 
light-activated dynamic looping (LADL) system comprises two 
different genomic anchoring proteins, dCas9-CIBN fusion 
proteins, and free CRY2 proteins. Blue light pulse promoted 
interaction between CRY2 and CIBN, as well as CRY2-CRY2 
homologous interaction to bring two different genomic anchor 
sites near each other’s proximity. By redirecting the stretch 
enhancer (SE) away from its endogenous  Klf4  target gene to 
the Zfp462  promoter, the authors observed de novo formation 
of the Zfp462-SE loop, which correlates with a modest increase 
in Zfp462 expression.[113]

3.3.4. Controlling Gene Expression at the Translational Level

As previously mentioned, the light-activated PAL:RNA interac-
tion can regulate gene expression at the RNA level.[11] Trans-
lational inhibition can also be achieved by clustering, and 
therefore, trapping mRNA in an inactive state. A four-component 
optogenetic module (multimeric protein (MP)-CIBN, CRY2-GFP 
nanobody, MCP–GFP, MS2-binding site-tagged (MBS)-mRNA) 
was made for manipulating the localization and translation of 
specific mRNA by trapping the mRNA inside the light-induced 
cluster.[114] Functionally, this sequestration reduced mRNAs’ 
accessibility to ribosomes, thus markedly and rapidly attenu-
ating protein synthesis. A spatiotemporally resolved analysis 
indicats that sequestration of endogenous β-actin mRNA attenu-
ated cell motility by regulating focal adhesion dynamics.

3.3.5. Control Diverse Cellular Activities by Gene Expression

New optogenetic circuits have been engineered in S. cerevisiae 
to enable light-controlled fermentation. This strategy allows for 
a new mode of bioreactor operation with light-tuned enzyme 
expression.[115] Another application is the tuning of cell fate to 
favor specific functions, e.g., tissue regeneration, as evidenced 
by the work showing that optical activation of bone morphoge-
netic protein 2 (BMP2) and LIM homeobox 8 (Lhx8) expression 

could turn mesenchymal cell fate toward bone regeneration in 
rats.[116] It has also been observed that Transcription factor EB 
(TFEB)-controlled expression could help clear p-Tau from neu-
rons via autophagy. This capacity allows for the clearance of 
p-Tau from AD patient-derived human iPSC-neurons.[117] Lastly, 
by regulating the expression of FtsZ and CheZ genes in bacte-
rial cells, the eLightOn system allows for the control of cell divi-
sion and swimming.[118]

4. Generation and Validation of Optogenetic 
Actuators
To make optogenetics more approachable, we highlight some 
commonly employed strategies in the design and validation of 
optogenetic actuators (Figure 4).

4.1. Design of the System

Optogenetic system design aims to identify a specific protein 
sequence that performs a specific function through protein 
engineering. Besides rational design and directed evolution, 
recent work resorts to machine learning-directed evolution to 
optimize protein function. Whereas directed evolution discards 
information from unimproved protein sequences, the machine-
learning methods include this information to guide and expand 
the properties that can be optimized by intelligently selecting 
new variants from the unbiased screen and reaching better 
fitness.[119] The machine-learning engineering method has 
improved the functionality of channelrhodopsin (ChR) variants, 
which eventually yielded simultaneous high-photocurrent ChRs 
with high light sensitivity.[120]

The advancement of omics research has provided another 
resource for identifying, designing, and comparing optogenetic 
proteins. By genomic and transcriptomic mining of diverse 
organisms, Glantz et  al. reported the bioinformatic identifi-
cation of over 6700 candidate LOV domains through motif 
analysis. Also, conserved upstream and downstream effector 
domains can be identified, and their functions can be annotated 
across archaea, bacteria, fungi, protists, and land plants.[121]

Directed mutagenesis at the protein interface has been a useful 
method to produce functionally enhanced photoactivatable pro-
tein pairs. For example, by varying the protein interface between 
circularly permuted photoactive yellow protein (cPYP) and binder 
of PYP dark state (BoPD), distinct photoswitchable variants with 
altered affinity, kinetics, and apo-state binding could be recov-
ered.[122] Several computational prediction programs were devel-
oped to predict the photophysical properties of engineered protein 
variants. For instance, Rosetta uses energy and distance constraints 
to predict favorable linker composition and fusion protein orienta-
tion in silico.[31] The Rosetta simulation for three different light-
activatable fusion proteins was validated in a separate study.[123] 
In addition, Dagliyan et al. developed an automated approach to 
design effective split proteins regulated by a ligand or by light 
(SPELL).[124] The scoring algorithm derived from the computa-
tional design approach ensured dynamic reassembly of protein 
fractions with low background activity in living cells. The schemes 
of each engineering strategies are illustrated in Figure 4A.
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Figure 4.  Collection of commonly used optogenetic strategies. a) Optically active protein design and engineering approaches. POI: Protein of interest. b) Live 
cell or in vitro validation modules. INT+: Positive interaction; INT−, negative interaction; ddFP, dimerization-dependent fluorescence protein c) Efficient 
resources for conducting an experiment or collecting data. References of each strategy are listed as follows: machine learning directed evolution,[119,120] inter-
face directed mutagenesis,[122] computational prediction,[31,123,124] native mass spectrometry,[128] SEC-HPLC,[129] yeast screening,[122,130] signaling biosensor,[131] 
optoplate,[132] LAVA plate,[133] optobase,[1a] and the optogenetic resource center.[1] The image of the optoplate is reproduced with permission.[51b] Copyright 
2018, The American Association for the Advancement of Science. The image of the LAVA plate is reproduced with permission.[133] Copyright 2020, Elsevier.
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Besides the computational efforts to help with protein engi-
neering, Harrigan et  al. developed a closed-loop optogenetic 
compensation (CLOC) strategy to explore the feedback regu-
lator dynamics in signaling networks.[125] The system can mon-
itor the real-time pathway output and automatically adjust the 
light input. Typical genetic complementation experiment tests 
like gene knockouts or rescue studies were able to determine 
feedback regulation. However, these approaches cannot reveal 
information about the regulation dynamic of the signaling 
network. Application of CLOC to feedback-deletion pathways 
could identify the dynamics of feedback demands.[125] Also, sev-
eral other in silico optogenetic systems were developed for the 
dynamic control of transcription intensity[126] and reconfigura-
tion of gene circuits with logic gates.[127]

4.2. Validation

Functional validation of optogenetic systems is typically car-
ried out either based on cell harvests or live–cell readouts 
(Figure  4B). The conventional cell harvest-based assay, such 
as native gel electrophoresis, provides a quick readout of 
protein interaction but often suffers from suboptimal detect-
ability of reagents such as antibodies. A recent study used 
native mass spectrometry to quantify protein changes upon 
photoactivation by installing the stimulation light source 
between the sample capillary and the ion detector. The light-
mediated protein conformational change could be validated 
by either m/z scoring for protein size or ion mobility for 
structural dynamics.[128] Additionally, the size exclusion chro-
matography (SEC) and dynamic light scattering facilitate the 
measurement of the physical interaction and useful photo-
physical parameters.[129]

Live-cell readout, such as yeast cell growth, could be repur-
posed to validate interactions between photoactivatable pro-
teins, particularly dimerizers.[122,130] An alternative way is to use 
biosensors that respond to the activation of photoactivatable 
proteins to confirm the system’s functionality. For instance, 
the dimer dependent red fluorescence protein (ddFP) was engi-
neered only to emit fluorescence when the synthetic G protein 
receptor is appropriately activated by light.[131]

4.3. Improving the Efficiency of Optogenetic Operation

Here, we highlight strategies that improved the efficiency of 
optogenetics (Figure  4C). Optimization of experimental pro-
cedure often requires fine-tuning several experimental param-
eters such as light power, illumination duration, frequency, 
or light wavelengths. To facilitate parallel operation, a high-
throughput OptoPlate has been developed recently. The Opto-
Plate uses 3D printing to fabricate an economical device (less 
than $600) that enables 96-well or 384-well scaled experiments 
with independent control in each well.[132] Similar engineered 
illumination devices for optogenetic photostimulation and light 
activation at variable amplitude (LAVA) has been developed. 
Time-varying and spatially localized light patterns provide a 
low-cost and user-friendly method for high-throughput optoge-
netic control of cell signaling.[133]

To streamline the production of optogenetic systems, Tichy 
et  al. proposed a generalizable genetic engineering strategy 
that permits fusing a protein of interest to multiple types of 
the light-sensitive domain (LSD) to generate tens of working 
constructs by a single cloning step.[2a] Tissue-specific viral vec-
tors[134] and organelle-specific optogenetic tool library[2b] could 
be conveniently created.

Last but not least, there are online resources, such as Opto-
base, which provide a comprehensively annotated publica-
tion database for photoactivatable protein-based optogenetics 
(optobase.org).[1a] Also, the optogenetic resource center hosted 
by the Deisseroth lab (web.stanford.edu/group/dlab/optoge-
netics) offers technical know-how such as optogenetic viral 
vector preparation and delivery protocol, optogenetic hardware, 
along with other assorted information.[1b] Although the design 
and validation of optogenetic applications solely depend on the 
specific purpose of research, we expect that information listed 
in this section could be useful for current and new optogenetic 
users. We also hope this information could help establish an 
“optogenetics handbook” that further catalyzes efficiency and 
significance for optogenetics research.

5. Interlinking Optogenetics with Other Research 
Fields
Parallel to the continuous improvement of the optogenetic 
toolbox, the photoactuators and their derivatives start to provide 
opportunities to advance other fields (Figure 5).

5.1. Engineering Devices for Live-Animal Optogenetics

The successful application of optogenetics in live animals 
needs to overcome several technical barriers, such as efficient 
light delivery into deep tissue and wireless optogenetic devices. 
The emerging implantable wireless micro-LEDs powered by 
radio-frequency scavengers[135] removed the spatial constraints 
from wired fiber optics. Since the initial success of the design, 
multiple lines of research have employed miniature LEDs for 
live-animal optogenetics studies.[136]

Another strategy to improve the light penetration depth is to 
use nanometer-sized upconversion nanoparticles (UCNP)[137] to 
produce visible light (for optogenetic stimulation) from near-
infrared light (800–980 nm), which has a much deeper penetra-
tion depth in biological tissues. Substantial progress has been 
made in the past three years by using the UCNP in optogenetic 
applications.[138]

5.2. Biomaterials

The mechanical properties of the extracellular microenviron-
ment determine many cellular behaviors such as cell migra-
tion and differentiation. Synthetic hydrogels are widely used 
as biomimetic in vitro model systems to study cell–extracel-
lular environment interactions, but these hydrogels’ mechan-
ical properties could not be easily controlled. To address this 
issue, Wu et  al. developed a hydrogel platform with tunable 
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mechanical properties based on photo-induced switch of the 
cross-linker fluorescent protein, Dronpa145N, between the 
monomeric and tetrameric state. This hydrogel allows for 
reversible control of stiffness, which can be used to direct 
cell migration.[139] The stiffness,[140] local density,[141] and dura-
bility[142] of the hydrogel can be fine-tuned by the light-inducible 
conformational changes of photoactivatable proteins.

Hydrogel has been commonly used as a reservoir of chemi-
cals and proteins. However, the current setting lacks precise 
control over releasing the cargo at the right place and time. 
For releasing nanoscale cargo, PhoCl was utilized to release 
the epidermal growth factor to promote 3D anisotropic cellular 
proliferation in the cultured cell.[143] When biotinylated PhyB 
was conjugated to NeutrAvidin-containing fibrin hydrogel, PIF-
fusion proteins can be trapped in (upon 660 nm light exposure) 
or released from (upon 740 nm light exposure) the hydrogel for 
multiple cycles.[144] Unlike other protein-embedding approaches 
to release cargo to the media, Sankaran et  al. developed 
hydrogel with bacteria embedding approach to synthesize anti-
microbial and antitumoral drug, deoxyviolacein, and deliver 
the chemical to the target cells.[145] Aside from the practical 
applications of the light-responsive hydrogel, these hydrogels 
showed delicate sensitivity[146] and great shape and volume mor-
phing potentials.[147] These studies highlight the opportunities 
of leveraging optogenetics to fabricate hydrogels with versatile 
functionality.[142]

Optogenetic stimulation of cell–cell interaction could regu-
late biofilm formation, which involves quorum sensing, a 
chemical-based intercellular communication between cells. A 

light-controlled quorum quenching system uses near-infrared 
light-activated diguanylate cyclase (DGC; c-di-GMP synthase) 
and blue light-activated phosphodiesterase (PDE; c-di-GMP 
hydrolase) to fine-tune the c-di-GMP level in E. coli. Activation 
of this system can successfully mitigate biofouling on water 
purification membranes by expressing a quorum quenching 
enzyme.[148] Further studies have demonstrated precise bacte-
rial adhesion,[149] cell patterning,[150] and living biofilm forma-
tion.[148] Notably, bacteria could be engineered to recognize red, 
green, and blue light stimulation by changing gene expres-
sion,[151] allowing for full spectral programming and multi-
plexed optogenetic control.[152]

5.3. Tissue Engineering

Tissue engineering integrates the concept of engineering into 
biological sciences to recapitulate synthetic tissue and organs. 
Technologies such as 3D bioprinting[153] significantly accelerate 
synthetic tissue production but still suffer from slow printing 
and low cell viability. Optogenetic control of cell fate provides 
an attractive approach where single cells and their interactions 
with other cells or extracellular matrix can be manipulated with 
minimal toxicity. The importance of cell–matrix interaction has 
prevailed in various human body locations, such as between 
soft tissue and epithelial tissue. Tissue engineering has been 
adorned by hydrogel to mimic the human soft tissue embed-
ding epithelial cells.[154] The light-responsive hydrogel can 
become an undisputed partner for fine-tuning the extracellular 
matrix to reflect a dynamic physiological environment[155] and 
initiate cell signaling.[139,156]

Besides cell–matrix interaction, fine-tuning of cell–cell 
interactions are of equal importance in tissue engineering. 
Blue light-mediated self-sorting of cells was achieved by engi-
neering cells with heterodimer protein pairs (iLID/Nano and 
nMagHigh/pMagHigh).[157] To enable the multiplexing potential 
of cell–cell interactions, Yuz et al. developed a cell module that 
can independently control two different cell types with the blue 
and red light.[158] Computer-assisted automated optogenetics 
can also benefit the field of tissue engineering. A representative 
study showed that computational optogenetics could determine 
the intensity of light input precisely based on the readout from 
tens of cell patches.[126a]

5.4. Manipulation of Molecular Activity in Cell-Free Systems

Although optogenetics has been primarily utilized in live cells 
or animals, it starts to shine a light on the cell-free systems. A 
cell-free system is a powerful tool that can provide insights into 
biological processes by reconstituting functional modules in a 
user-defined environment. One example is the study of motor 
protein–cytoskeleton interaction. The microtubule gliding assay 
is commonly used to study the collective behavior of active and 
self-organizing motor proteins. Herein, Tas et al. used light to 
recruit molecular motors to control microtubule gliding activity 
in the synthetic cell. The ePDZ domain was tagged to kinesin, 
and the LOVpep was immobilized on the surface. Blue light 
triggers ePDZ-LOVpep binding, which recruits the microtubule 

Figure 5.  The cross-disciplinary interplay between optogenetics and 
other fields. Optogenetics could be applied to facilitate cell-based engi-
neering (e.g., tissue engineering) or generate new biomaterials. By over-
coming technical challenges, such as light and virus delivery, sensitivity, 
toxicity, and scaling up to large animals, optogenetic tools would be 
increasingly applied in the live animals. Advanced technologies, such 
as the two-photon optogenetic stimulation and light upconversion, will 
continue pushing optogenetic technology toward clinical settings in the 
healthcare sector.
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to the surface for directional movement. Maximum associa-
tion between microtubule and motor proteins occurs 6 s after 
blue light exposure, and dissociation occurs in the dark with a 
half-life of 13 s.[159] Apart from the microtubule dynamics, pho-
toactivatable cell-free systems can be applied to cell motility,[160] 
pattern formation,[161] and cell interaction.[162]

6. Outlook: The Road to the Clinic

In the past decade, a large amount of effort has been used 
to develop versatile tools to control molecular activities in 
living cells. As more researchers consider optogenetics as an 
emerging strategy to investigate biological questions, we expect 
a steady progress that will continue pushing optogenetics 
toward in vivo and clinical applications, which is parallel to the 
fast pace of gene therapy.

Indeed, besides the insights that optogenetics offers into 
basic sciences and drug discovery,[163] there is a growing 
number of translational research applications such as in pain 
management,[164] strokes,[165] epilepsy,[166] behavior,[167] heart dis-
eases,[168] motor functions,[169] memory,[170] and psychiatric dis-
eases, including depression, anxiety, addiction, schizophrenia, 
and autism, to name a few.[171] However, there are a few bumps 
on the road to the clinic for optogenetics, mainly light delivery, 
virus delivery, scaling from rodent brains, sensitivity, and mini-
mizing tissue damage.[172]

Light delivery is one of the main challenges that are often 
faced by visible light-based optogenetics. In some cases, such 
as in the eye or on the skin’s surface, light penetration is not a 
problem. However, subdermal light delivery can be more prob-
lematic. There have been many recent technological advances to 
overcome this barrier, such as subdermal magnetic coil antennas 
that are connected to injectable LED,[173] injectable light delivery 
devices without batteries,[136] deep tissue activatable nanoparti-
cles,[174] implantable optoelectronic probes,[175] and hybrid-drive 
combining optogenetics, pharmacology and electrophysiology 
(HOPE) implants.[176] As we mentioned, redshifting of excitation 
wavelength and light upconversion are promising approaches to 
mitigate the challenge of limited penetration depth. We continue 
holding great hope for the use of upconversion nanoparticles—a 
recent work showed exciting results that photoreceptor-binding 
upconversion nanoparticles, when injected in the eyes of mice, 
empowers the mice to see infrared light without compromising 
their ability to see visible light.[177]

On the other hand, viral gene therapy is a field experiencing 
growth and attention pre-dating optogenetics. Therefore, the 
issue of virus delivery is not a new problem. The US FDA has 
approved 17 viral therapies as of 2019 (fda.gov), such as thera-
pies for spinal muscular atrophy (Zolgensma, AveXis, Inc.), 
large B-cell lymphoma (Yescarta, Kite Pharma, Inc), prostate 
cancer (Provenga, Dendreon Corp.), cartilage defects (MACI, 
Vericel Corp.), and retinal dystrophy (Luxturna, Spark). More 
detailed information has been discussed in recent reviews.[178] 
Because the encoding gene’s size determines the titer of the 
virus (e.g., the typical packaging capacity for lentivirus and the 
adeno-associated virus is 9 and 4.7  kb, respectively), it would 
be beneficial to develop single-transcript optogenetic systems 
using small-size photosensitive modules.

With extraordinary examples of optogenetics in mice, such 
as smartphone-controlled glucose homeostasis in diabetic 
mice,[179] the next step becomes to scale the system to a human-
sized patient. Since a mouse brain is 2500 times smaller than 
a human brain,[180] many researchers have first turned to non-
human primates as model systems.[181] We encourage interested 
readers to check out these excellent reviews for a more detailed 
discussion of optogenetics in nonhuman primates.[170,172,182]

Even with these bottlenecks, some optogenetic systems have 
made the leap from translational science to clinical trials, such 
as retinopathy treatment.[183] In this approach, a viral plasmid 
is delivered directly to the eye containing a microbial opsin for 
vision restoration. There are currently three clinical trials in 
phases 1 and 2 treating retinopathy with optogenetics. The first 
trial of RST-001 started in 2015 for advanced retinitis pigmen-
tosa and is sponsored by Allergen (NCT2556736) with an antici-
pated primary completion date of 2020. Gensight Biologics 
began a trial in 2018 (NCT03326336) treating nonsyndromic 
retinitis pigmentosa with optogenetic system GS030-DP com-
bined with the biomimetic goggle. The anticipated primary 
completion date is also in 2020. Most recently, Bionic Sight LLC 
began a trial in 2020 (NCT04278131) for the treatment of reti-
nitis pigmentosa with BS01, and primary completion is sched-
uled for 2022. We anticipate that as the technology for virus and 
light delivery grows, more non-neuronal optogenetic systems 
will be entering the clinic applications.

In summary, there has been rapid progress in the field of 
optogenetics in the past few years. The unprecedented spati-
otemporal accuracy that light offers to control intracellular sign-
aling and cell behavior will be likely to continue drawing more 
researchers in this field. The portfolio of optogenetic toolbox 
also benefits from the constant interplay across different 
research fields such as material sciences and engineering. 
We are eager to learn new, exciting biology uncovered by this 
emerging technology in the near future.
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